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Abstract
Fishes represent the highest diversity of vertebrates; however, our understanding of the
compositions and functions of their gut microbiota is limited. In this study, we provided the ﬁrst insight into
the gut microbiota of the herbivorous ﬁsh Siganus canaliculatus by using three molecular ecology techniques
based on the 16S rRNA genes (denaturing gradient gel electrophoresis, clone library construction, and highthroughput Illumina sequencing), and the Illumina sequencing technique is suggested here due to its higher
overall coverage of the total 16S rRNA genes. A core gut microbiota of 29 bacterial groups, covering >99.9%
of the total bacterial community, was found to be dominated by Proteobacteria and Firmicutes in ﬁsh fed
three diﬀerent diets with/without the supplementation of Ulva pertusa and non-starch polysaccharide (NSP)
enzymes (cellulase, xylanase, and β-glucanase). Diverse potential NSP-degrading bacteria and probiotics
(e.g., Ruminococcus, Clostridium and Lachnospiraceae) were detected in the intestine of the ﬁsh fed U.
pertusa, suggesting that these microorganisms likely participated in the degradation of NSPs derived from
U. pertusa. This study supports our previous conclusion that U. pertusa-based diets are suitable for the
production of S. canaliculatus with lower costs without compromising quality.
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1 INTRODUCTION
Siganus canaliculatus is a commercially important
aquaculture ﬁsh which mainly inhabits the coast of
southeast China (Xu et al., 2011). Owing to its tender
meat and rich in polyunsaturated fatty acids (Li et al.,
2008), growing demands in aquaculture industry have
encouraged wide cultivation of S. canaliculatus. In
general, the cost of feed constitutes >50% of the total
cost in farming, in which animal-derived materials
(e.g., ﬁsh meal) are often the most expensive. Despite
the fact that S. canaliculatus is herbivorous and
mainly feed on algae and seagrasses in natural habitats
(von Westernhagen, 1973), ﬁsh meal has a superior
eﬀect on ﬁsh growth due to its high protein content
and favorable amino acid proﬁle (Sinha et al., 2011).
As some plant-derived materials (e.g., soybean meal,

legume seeds, and seaweeds) contain high quality and
energy rich nutrient sources, they are commonly used
as important ingredients in aquaculture, which help
reducing the cost signiﬁcantly. Our previous studies
have determined the basic nutritional requirements of
S. canaliculatus (Wang et al., 2010), and demonstrated
that macroalgae Ulva pertusa is a preferred food for
this herbivorous species (You et al., 2014a, b). Dietary
supplementation of U. pertusa powder is thus a
promising way to cut down the cost without
inﬂuencing ﬁsh growth and quality (Tolentino-
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Pablico et al., 2008; Güroy et al., 2013).
However, an important problem that hinders the
application of plant-derived materials is the presence
of abundant non-starch polysaccharides (NSPs, the
major component of plant cell wall) that are
indigestible for ﬁsh and other monogastric animals
for lack of speciﬁc enzymes (Kuz’mina, 1996), and
studies have suggested negative eﬀects of NSPs on
digestion and absorption of energy and nutrients in a
few ﬁsh species (Refstie et al., 1999; Storebakken et
al., 1999; Allan et al., 2000). The addition of
exogenous NSP-degrading enzymes (e.g., cellulase,
xylanase, and β-glucanase) in plant-derived sources is
an economical approach to solve this problem, and
numerous reports have revealed their eﬀects on
improving nutrient utilization in ﬁsh (Kumar et al.,
2006; Ai et al., 2007), possibly through disrupting cell
wall integrity, reducing digesta viscosity, and/or
stimulating gastrointestinal microbiota (Sinha et al.,
2011).
Fishes represent the highest diversity of vertebrates,
and the gastrointestinal tract of ﬁsh harbors diverse
microbial
communities
(including
adhesive
microorganisms and non-adhesive ones) that are
involved in digestion and immune responses, and
contribute to host nutrition and health (Rawls et al.,
2004; Gómez and Balcázar, 2008). A recent study
showed that Proteobacteria and Fusobacteria
dominated the microbial communities in the gut of
zebraﬁsh (Roeselers et al., 2011). Proteobacteria,
Firmicutes and Actinobacteria prevailed in Grass carp
intestine (Wu et al., 2012). Cyanobacteria,
Proteobacteria, Actinobacteria and Bacteroidetes
were predominant groups in Silver carp and Gizzard
shad (Ye et al., 2014). Firmicutes were detected to be
dominant species in the hindgut of three temperate
marine herbivorous ﬁshes (Clements et al., 2007).
Notably, host diet is known to have a strong inﬂuence
on indigenous microorganisms that inhabit the
gastrointestinal tract (David et al., 2014; Ye et al.,
2014), and the composition and diversity of microbial
communities is partly determined by dietary
preferences (Ley et al., 2008). For herbivorous ﬁshes,
diets with abundant NSPs may alter gut microbiota by
enhancing volatile fatty acids, lowering pH of
intestinal tract, or decreasing oxygen tension (Sinha
et al., 2011). Some gut microorganisms, for example,
convert indigestible algal components (e.g., cellulose
and mannitol) to glucose and short-chain fatty acids
that can be assimilated directly by herbivorous ﬁshes
(White et al., 2010; Wu et al., 2012). Microbial
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fermentation of high-starch foods such as cereal
grains may also stimulate fatty acid uptake in the gut
(Van Soest, 1994; Leenhouwers et al., 2007).
Despite the importance of S. canaliculatus in
aquaculture industry, the microbial communities in its
gut is still unknown. This study aims to characterize
the
gastrointestinal
microbial
community
compositions of S. canaliculatus through three
culture-independent methods based on analysis of the
bacterial 16S rRNA genes, including denaturing
gradient gel electrophoresis (DGGE), clone library
construction, and high-throughput sequencing. This
would facilitate an overview of the total gut microbiota
in S. canaliculatus. The inﬂuence of dietary
supplementation of macroalgae U. pertusa and NSP
enzymes on gut microbiota was further assayed to
better understand its core gut microbiota, and to
identify potential NSP-degrading microorganisms.

2 MATERIAL AND METHOD
2.1 Ethics statement
Fish used in this study were captured from the
coastal area near Nan’Ao Marine Biology Station
(NAMBS) of Shantou University, Guangdong
Province, China. No speciﬁc permits were required
for the described ﬁeld studies, as the sampling
locations were not privately owned or protected in
any way. Furthermore these ﬁeld studies did not
involve endangered or protected species. The animals
were processed according to “the Regulations for the
Administration of Aﬀairs Concerning Experimental
Animals” established by Guangdong Provincial
Department of Science and Technology on the Use
and Care of Animals, and the experiments were
approved by the Institutional Animal Care and Use
Committee of Shantou University.
2.2 Fish sampling and feeding conditions
S. canaliculatus juveniles (~15 g) were captured
from the coastal area near NAMBS of Shantou
University, and were acclimated for 3 weeks with
self-prepared feeds. These ﬁsh were randomly reared
in eighteen 200-L cylindrical tanks (13 ﬁsh per tank)
equipped with a continuous recirculating seawater
system. Group A was fed basal diet (Table S1); Group
M was fed basal diet supplemented with 10 wt%
U. pertusa powder (collected from the coastal waters
near NAMBS) and 0.2 wt% NSP enzymes (90 U/g
cellulase, 60 U/g xylanase and 120 U/g β-glucanase
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(Li et al., 2013)); Group Z was fed basal diet
supplemented with 10 wt% U. pertusa powder only.
Each treatment was conducted in triplicate tanks. The
water temperature was maintained at 22±0.5°C with
constant aeration and natural photoperiod. The water
salinity was 32. Every day, the ﬁsh were fed to
apparent satiation at 08:30 and 16:30, respectively;
half of the aquarium water was replaced, and the
faeces was removed. Detailed information had been
described previously (You et al., 2014b). After 8
weeks, three healthy ﬁsh with a weight of ~43 g from
each group were euthanized, and the whole intestinal
tracts with gut contents were immediately removed
with a sterile tweeze and clamped to prevent loss of
samples. The gut contents were gently squeezed out
into eppendorf tubes and stored at -80°C before DNA
extraction.
2.3 DNA extraction, 16S rRNA gene ampliﬁcation
and sequencing
Nucleic acid of the gut contents was extracted
using the FastDNA™ SPIN Kit for Soil (MP
Biomedicals, USA) according to the manufacturer’s
instructions. Three parallel extractions were
performed for each sample, and the DNA extracts
were pooled for subsequent PCR ampliﬁcation to
minimize the biases and contamination. The DNA
blank extraction was performed without a sample and
processed with the same DNA extraction and PCR
ampliﬁcation kits as the experimental groups. DNA
extraction and PCR ampliﬁcation were considered
free of contamination if no target PCR band was seen
on an agarose gel from the blank DNA extraction and
the PCR negative control.
PCR-DGGE and clone library construction of the
extracted DNA samples were performed as described
previously (Li et al., 2012). Brieﬂy, a ~180 bp (V3
region) and a ~1 500-bp (near full-length) of the 16S
rRNA genes, were ampliﬁed for PCR-DGGE analysis
and clone library construction, respectively. Three
parallel PCR ampliﬁcations were performed for each
sample and pooled for subsequent sequencing. For
PCR-DGGE, the extracted DNA from the intestines
of three ﬁsh in each group were analyzed separately.
However, above DNA extracts were pooled for
subsequent PCR ampliﬁcation for clone library and
Illumina sequencing due to limited availability.
For Illumina sequencing, the V6 region of the
bacterial 16S rRNA gene was ampliﬁed using the
multi-tag primers 967F and 1046R, and ~60 bp
amplicons were generated. The PCR program
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involved an initial denaturation step at 94°C for
2 min, followed by 30 cycles of denaturation at 94°C
for 30 s, annealing at 57°C for 30 s, and extension at
72°C for 30 s, with a ﬁnal extension at 72°C for 5 min.
Three parallel PCR ampliﬁcations were performed
for each sample and pooled for subsequent sequencing.
The 16S rRNA gene amplicons containing unique
8-mer barcodes used for each sample were pooled at
equal concentrations, and sequenced on an Illumina
HiSeq2000 platform using 2×100 bp cycles according
to manufacturer’s instructions. Raw reads were
removed if they contained (1) a 10 bp poly sequence,
(2) more than 2 bp with the quality score less than 20,
and/or (3) any ambiguities. Filtered reads were
merged together, and the merged sequences were
removed if the sequence length was <50 bp. Clean
sequences were demultiplexed using the QIIME
software pipeline (Caporaso et al., 2010b; Version
1.9.0) with a mapping ﬁle containing the sample ID,
barcode and primer sequence.
The near full-length 16S rRNA gene sequences
have been deposited to GenBank with the accession
numbers from HG970977 to HG971024. The Illumina
sequence data have been deposited in the National
Center for Biotechnology Information (NCBI)
Sequence Read Archive under the accession number
SRA148879 (A: SRR1203925, M: SRR1206016, Z:
SRR1206017). The PCR primers are listed in Table
S2.
2.4 Bacterial community
phylogenetic analysis

composition

and

PCR-DGGE and clone library analysis were
performed as described previously (Li et al., 2012).
Statistical signiﬁcance between groups in Table 1
were analyzed using Mann-Whitney U test (SPSS
22.0). For Illumina sequencing data, the sequences
were aligned with PyNAST (Caporaso et al., 2010a;
Version 1.2.2) and clustered into operational
taxonomic units (OTUs) at 97% sequence similarity
cutoﬀ using usearch61 (Edgar, 2010) with the
parameter --minlen=50 in the QIIME software
pipeline (Caporaso et al., 2010b; Version 1.9.0).
OTUs were assigned to taxa based on the Greengenes
database (DeSantis et al., 2006; Version gg_13_5).
Chimeric sequences were detected with the UCHIME
program (Edgar et al., 2011; Version 4.2) using default
parameters, and they were removed from further
analysis. For the Venn diagram, sequences were
rareﬁed to an even depth (5 785 029 reads) by random
sampling using QIIME. The Venn diagram was
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Table 1 Microbial diversity indices calculated from the DGGE banding patterns
Group A

Group M

Group Z

Sample ID

1

2

3

Mean

4

5

6

Mean

7

8

9

Mean

H1

1.09

1.22

1.25

1.19

1.13

1.17

1.18

1.16

1.02

1.15

1.19

1.12

EDI

0.98

0.97

0.96

0.97

0.99

0.98

0.97

0.98

0.99

0.98

0.97

0.98

Ni

13

18

20

17

14

16

16

15.3

16

11

15

14

H1: Shannon Index; EDI: Evenness Index; Ni: total number of bands per lane. No signiﬁcance between groups was observed.
M

Table 2 Comparison of coverage and diversity indices of
16S rRNA gene clone libraries

Z

{
{
{

A

1

2

3

4

5

6

7

8

9

Clone
library

Number
of
clones

Number of
phylotypes
(OUT)1

Coverage
(C) index
(%)2

Simpson
index
(1-D)3

Shannon
index
(H)3

Group A

190

36

81.1

0.813

1.766

Group M

158

23

85.4

0.801

1.756

Group Z

192

23

88.0

0.788

1.695

: OTUs were clustered at 97% sequence similarity cutoﬀ; 2: calculated as
described by Li et al. (2012); 3: calculated using PAST software.

1

Fig.1 The denaturing gradient gel electrophoresis proﬁles
of the intestinal microbiota in S. canaliculatus from
diﬀerent groups

et al., 2001; Version 3.06). Cluster analysis of the
microbial community structure was performed in R
based on a Bray-Curtis matrix using average linkage
(R Core Team, 2015; Version 3.2.0). In this study,
bacterial community composition analysis was
mainly based on Illumina sequencing data. The
phylogenetic tree was constructed in QIIME using the
FastTree method, and the Shimodaira-Hasegawa test
was used to estimate the reliability of each branch
with 1 000 resamples (Price et al., 2010; Version
2.1.3).

Each lane represents one ﬁsh.
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3
2

{
{
{
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M

A

Fig.2 Cluster analysis of the bacterial communities in the
intestine of S. canaliculatus based on DGGE proﬁles
The number at each branch indicates the linkage distance.

created with a web tool provided by the Bioinformatics
and Systems Biology of Gent (http://bioinformatics.
psb.ugent.be/webtools/Venn/). The ternary plot was
performed using the PAST software package (Hammer

3.1 Microbial diversity analysis based on DGGE
and 16S rRNA gene clone library
Approximately 23 DGGE bands with distinct
patterns were observed in samples from diﬀerent
treatments (Fig.1; Table 1). Cluster analysis of the
DGGE band patterns showed that samples from each
dietary supplementation treatment grouped together
(Fig.2), suggesting that bacterial community
structures varied in the intestine of S. canaliculatus
with diﬀerent treatments.
To investigate the phylogenetic diversity of the
intestinal microbial communities, three clone libraries
of the 16S rRNA gene from Groups A, M and Z were
constructed. In total, 190, 158 and 192 clones with the
estimated overall coverage of 81.1%, 85.4% and
88.0% were retrieved from the colony libraries of A,
M and Z, respectively (Table 2). Highest sequence
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A

Illumina
Proteobacteria
Firmicutes

Clone library

Tenericutes
Deinococcus-Thermus
Actinobacteria

Illumina
M

Bacteroidetes
Cyanobacteria
Fusobacteria

Clone library

Acidobacteria
Spirochaetes
Deferribacteres

Illumina
Z

Others
Clone library

Fig.3 Bacterial community compositions of the three groups by two sequencing methods
The sequences were classiﬁed at phylum level.
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Fig.4 Alpha-diversity analysis of three samples with diﬀerent treatments based on Illumina data
a. rarefaction analysis; b. Shannon Diversity Index curves.

population diversity occurred in A as calculated by
Shannon diversity index (H), followed by M and Z
(Table 2). Forty-three unique sequences were
eventually obtained after a ﬁltering procedure
removing highly identical sequences with a criteria of
97% sequence similarity cutoﬀ (Table S3). The
identiﬁed taxa for each clone library generally
grouped into six phyla, i.e., Proteobacteria, Firmicutes,
Tenericutes, Bacteroidetes, Fusobacteria and
Deferribacteres (Fig.3). Firmicutes and Tenericutes
dominated the bacterial community across diﬀerent
treatments, constituting 33.5% to 43.7% of the total
sequenced clones. Phylogenetic analysis of the near
full-length 16S rRNA gene sequences from the three
groups showed that highest species diversity occurred
in Firmicutes, Bacteroidetes, and Proteobacteria (Fig.

S1). Blastn (Altschul et al., 1990) searches of the
cloned sequences against GenBank database revealed
that >80% of the clones had <97% sequence similarity
with known type species (Table S3), indicating that
unique bacterial communities inhabit the gut of
S. canaliculatus.
3.2 Microbial community compositions based on
Illumina sequencing
The number of high quality bacterial 16S rRNA
gene sequences obtained by high-throughput
sequencing were between 5 785 029 and 5 881 813,
resulting in more than 9 654 OTUs at 97% sequence
similarity (Table 3). Alpha-diversity analysis showed
that the rarefaction curves for all of the samples did
not plateau at this sequencing depth (Fig.4a), but the
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Fig.5 A Venn diagram showing the distribution of shared bacterial groups based on Illumina data
a. phylum level; b. class level.

Table 3 Number of high quality bacterial 16S rRNA gene
sequences obtained by Illumina sequencing
Sample

Barcode

Reads

A

OTUs (97% cutoﬀ) Accession No.

Group A GCGGAACT 5 785 029

15 534

SRR1203925

Group M TAATTACC 5 828 394

14 110

SRR1206016

Group Z CGTAGGAC 5 881 813

9 654

SRR1206017

Planctomycetes
OP3 Caldithrix
WPS-2
WS3
ZB3
50

Shannon Diversity indices were stable (Fig.4b). This
indicated that major bacterial communities had
largely been covered, although rare new phylotypes
could still appear upon further sequencing.
Similar bacterial groups among the communities
of Groups A, M and Z were observed as determined
by Venn diagram (Fig.5). The number of overlapping
groups were 29 at phylum level (89 at class level),
and their relative abundances covered more than
99.9% of the total bacterial community in each sample
(Table S4). Most of the bacterial groups were shared
by A and M, and they almost had a complete coverage
over those in Z (Fig.5). In general, Proteobacteria and
Firmicutes dominated the bacterial community,
although their relative abundances varied in diﬀerent
samples (Fig.3). For example, Proteobacteria-related
sequences constituted more than 62.9% of the total
communities in A and M, but their relative abundance
was only 24.6% in Z.
Ternary plot further showed that bacterial groups
including Proteobacteria, Tenericutes, DeinococcusThermus, Spirochaetes, WWE1 and NKB19 were
evenly distributed in at least two of the samples
(Fig.6), indicating their potential importance as an
integral component of the gut in S. canaliculatus.
Notably, major bacterial groups (relative abundance

50
Deinococcus-Thermus
NKB19 Proteobacteria
Tenericutes
Spirochaetes

Cyanobacteria

M

Hyd24-12
Lentisphaerae

Bacteroidetes
Firmicutes
Fusobacteria
WWE1 Unclassfied bacteria
OP1
Z
50

Fig.6 Ternary plot for bacterial groups (phylum level) of
the three samples based on Illumina data
Axes indicate the percentage of the designated groups detected by
each sample. The groups with ~50% relative abundance among at
least two of the samples are in bold font. The groups of shaded area
are provided in Table S5.

>1%) including Firmicutes (63.6%), Bacteroidetes
(2.9%) and Fusobacteria (1.3%) were relatively
enriched in Group Z. Cyanobacteria was enriched in
Group M (5.9% in M, 0.6% in A, and 0.02% in Z).
Various minor groups with relative abundance <1%
(e.g.,
Actinobacteria,
Acidobacteria
and
Planctomycetes) were enriched in A (Fig.6; Table S5).
Cluster analysis revealed that Groups A and M
grouped together based on a Bray-Curtis matrix
(Fig.7), which was consistent with the DGGE proﬁles
(Fig.2). Notably, Ruminococcus and Lactobacillusrelated sequences were relatively abundant in Groups

444

J. OCEANOL. LIMNOL., 36(2), 2018

Vol. 36

1E-1

3E-3
Actinomyces
Bacteroides
Anoxybacillus

3E-5

Enterococcus
Leuconostoc
Clostridium

3E-7

Anaerococcus
Ruminococcus
Vibrio
Bacillus
Lachnospiraceae
Lactobacillus
Streptococcus
Lactococcus
Pseudomonas
Bifidobacterium
Phaeobacter

*

Micrococcus
Kocuria
*

Pediococcus

*

Agrobacterium
Brevibacterium
Microbacterium
Staphylococcus
Z

A

M

Fig.7 The relative abundances of potential NSP-degrading bacteria in the three samples based on Illumina data
The white asterisk indicates not detected. The colored bar on the right indicates the number of the designated bacterial sequences versus total sequences in
each diet group.

M (6.7%, 0.07%) and Z (11.8%, 0.05%), compared to
those in Group A (0.8%, 0.01%); Group A was
enriched with Enterobacteriaceae, Actinomyces,
Vibrio, Streptococcus and Leuconostoc. Clostridium
and Bacillus had higher abundances in Group M
(0.9%, 0.05%). Enterococcus was highest in Group Z
(0.007%).
Table S6 showed relative abundances of some
major OTUs observed in the three samples. In general,
distinct distribution of some abundant OTUs was
detected in Group Z as compared to Groups A and M.
Notably, OTU0 (Vibrionaceae) was highly abundant

in Groups A and M, constituting 48.4% and 36.1% of
the total sequences, respectively; it was only 1.2% in
Group Z. Group Z was enriched with OTU4
(Coprobacillus), OTU10 (Caloramator), OTU14
(Erysipelotrichaceae), OTU21 (Ruminococcus) and
OTU26 (Arcobacter), indicating their importance as
candidate U. pertusa degraders.

4 DISCUSSION
Investigations of the microbial community
compositions inhabiting the gut of any host is an
important step towards understanding the roles of
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microorganisms in digestion, immune responses, and
host health (Flint et al., 2008; Pérez-Sánchez et al.,
2014), and studies on ﬁsh gut microbiota have been
reported recently (Roeselers et al., 2011; Sullam et
al., 2012; Ye et al., 2014; Zhang et al., 2016). Similar
bacterial species were observed in the intestines of
individual S. canaliculatus regardless of diﬀerent diet
ingredients, which were classiﬁed into the core
microbiota of 86 OTUs with >93% relative abundance
in each sample (Table S6). The reason for the high
portions of the shared core gut microbiota is unknown
due to the limit of this study. We speculate that early
colonization events (e.g., live microorganisms from
spawn surface, forage, and water) are key factors to
determine the gut microbiota (Wong et al., 2013).
Previous reports suggested that the intestinal microbial
communities in ﬁshes and mammals collected from
diﬀerent populations or habitats, had few shared
sequences even though they were from the same host
species (Roeselers et al., 2011; Durbán et al., 2012;
Shade and Handelsman, 2012; Sullam et al., 2012).
Fish performance and proximate composition showed
that similar performance occurred for each diet,
although the groups with U. pertusa amendment
(Groups M and Z) had lower feed conversion ratios
than that fed a basal diet (Group A) (Table S7; You et
al., 2014b). This indicated that the shared core
microbiota was functional resilient and could utilize
these substrates through multiple pathways, which
further support our previous ﬁndings that U. pertusa
is an excellent economic alternative to soybean meal
and wheat starch as carbon sources (Wang et al.,
2010; Zhang, 2012; You et al., 2014a, b).
Proteobacteria and Firmicutes were predominant
bacterial groups in each sample based on the Illumina
sequencing data (Fig.3). This result was consistent
with previous reports about the gut microbial
communities in grass carp (Wu et al., 2012), rainbow
trout (Wong et al., 2013), zebraﬁsh (Roeselers et al.,
2011) and many other ﬁshes (Nayak, 2010; Sullam et
al., 2012), indicating that members of these bacterial
groups are essential and well adapted to intestinal
environments in ﬁsh. Higher abundances of
Proteobacteria were observed in Groups A and M
(72.3% and 62.9%, respectively) than those in Group
Z (24.6%); Group Z was relatively enriched with
Firmicutes (63.6%, compared to 17.0%–23.2% in
Groups A and M). A possible explanation is that the
Proteobacterial and Firmicutes groups identiﬁed in
this study are sensitive to some nutrients from the
untreated U. pertusa powder. For example, macroalgae
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U. pertusa contains signiﬁcant amounts of NSPs that
are indigestible for ﬁsh. The supplementation of
U. pertusa alone in Group Z resulted in obvious
enrichment of Firmicutes, indicating that these
bacterial groups are functional related to NSP
degradation. Previous reports demonstrated that many
species in Firmicutes are NSP-degrading bacteria
(Pankratov et al., 2006; Flint et al., 2008). As discussed
above, similar bacterial community compositions
occurred in Groups A and M (Fig.3), which was also
conﬁrmed by cluster analysis (Fig.2). This is possibly
because NSP-degrading enzymes in diet Group M
were able to break up some indigestible NSPs into
liable compounds, and the overall ingredients and
compositions in Group M were similar with those in
Group A. Notably, highest relative abundance of
Cyanobacteria was observed in Group M (Fig.3),
indicating that they were likely from the U. pertusa
and were ingested as an important food source (Wu et
al., 2012; Ye et al., 2014).
We did not tend to determine the types, functions
and activities of the potential NSP-degrading bacteria
and probiotics in the gut of S. canaliculatus, but we
performed a comprehensive analysis of these bacterial
lineages in the three diet groups. The NSP-degrading
bacteria identiﬁed in the gut of ﬁsh and other
vertebrates, including Clostridium, Actinomyces,
Ruminococcus and Enterobacteriaceae, were reported
to produce NSP-degrading enzymes such as cellulase,
xylanase, pectinase and/or β-glucanase (Almirall et
al., 1995; O’Connell et al., 2005; Saha et al., 2006; Ye
et al., 2014). Various bacterial populations with the
potential to degrade NSPs were identiﬁed in the three
groups (Fig.7). The relative enrichment of
Ruminococcus, Clostridium and Lachnospiraceae in
Group M and/or Z suggests that they likely participate
in the degradation of the indigestible NSPs from
U. pertusa. For example, seven OTUs (OTU7, OTU21,
OTU29, OTU36, OTU65, OTU66 and OTU94; Table
S6) that assigned to Ruminococcus were the major
NSP-degrading bacterial lineages, constituting up to
11.8% of the total bacterial community in U. pertusa
amendment groups. Ruminococcus spp. have been
reported to facilitate the host to degrade ﬁbrous plant
materials in the rumen (Sijpesteijn, 1951; Kong et al.,
2010). Some Clostridium species are known cellulosedegrading bacteria (Kato et al., 2004). An increased
abundance of Lachnospiraceae-related species is
reported in the human gut on a high NSPs diet (Salonen
et al., 2014). Other potential NSP-degrading bacteria
identiﬁed in this study included Actinomyces,
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Bacteroides,
Anoxybacillus,
Enterococcus,
Leuconostoc, Anaerococcus, Vibrio and Bacillus. For
the potential probiotics in the intestine of
S. canaliculatus, thirteen lineages were observed
(Fig.7). For example, the lactic acid bacteria,
including Lactobacillus, Streptococcus, Lactococcus
and Bifidobacterium, could produce bacteriocins that
inhibit the growth of certain pathogenic bacteria.
Some species that belong to Pseudomonas,
Phaeobacter, Micrococcus and Kocuria have been
reported to stimulate immune response and enhance
resistance to some pathogenic Aeromonas spp. and
Vibrio spp. (as summarized by Pérez-Sánchez et al.,
(2014)).
Agrobacterium,
Brevibacterium,
Microbacterium and Staphylococcus could contribute
to nutritional process by improving the absorption
eﬃciency of lipids (Ringø et al., 1995). Altogether,
identiﬁcation of these potential NSP-degrading
bacteria and probiotics inhabiting the intestine of
S. canaliculatus provides clues to study their functions
and applications in aquaculture industry.
In addition, OTU2 and OTU5 that assigned to
Desulfovibrionaceae of Deltaproteobacteria were
among the top-ten most abundant OTUs in Groups M
and Z, which is approximately four-folds higher than
that in Group A (Table S6). Many species in this
family such as Desulfovibrio are known anaerobic
sulfate reducers. A possible explanation for the
enrichment of Desulfovibrionaceae in Groups M and
Z is the indigestible NSPs from U. pertusa increased
the residence time of digesta and decreased oxygen
tension in the intestine, thus favoring the development
of anaerobic microorganisms such as sulfate reducers
(Choct, 1997; Sinha et al., 2011). These sulfate
reducers have been reported to utilize short-chain
fatty acids (e.g. lactate) to produce hydrogen sulﬁde
(Heidelberg et al., 2004), which is generally a toxic
product to the host (Attene-Ramos et al., 2006). This
result indicated that supplementation of U. pertusa
might lead to growth of sulfate reducers that were
harmful to the host.
One thing should be noted is the Illumina
sequencing data and clone library analysis resulted in
varied intestinal bacterial diversity of S. canaliculatus
in each diet (Fig.3). We attribute this to the bias
caused by PCR primers. Diﬀerent primers may
occasionally amplify speciﬁc groups and lead to
biased community compositions as has been reported
previously (Teske and Sørensen, 2008; Pinto and
Raskin, 2012; Cruaud et al., 2014). Another possibility
is that varied number of 16S rRNA gene copies occur
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in diﬀerent microbial cells (Větrovský and Baldrian,
2013), which would also inﬂuence the 16S rRNA
gene abundance in the samples. In this study, the
Illumina sequencing data (>5,785,029 reads; Table 3)
had much higher overall coverage of the total 16S
rRNA genes in the community than those using the
clone library construction technique (<192 clones;
Table 2), so description and comparison of the
bacterial community compositions were only
performed by using the Illumina sequencing data. The
clone library data were mainly used for investigating
the phylogenic diversity of the three samples due to
the recovery of near full-length 16S rRNA genes.
Nevertheless, our results showed consistent
observation of some bacterial groups in each sample,
including Proteobacteria, Firmicutes, Tenericutes,
Bacteroidetes and Fusobacteria, indicating that they
were “true” representation of the gut microbiota in
S. canaliculatus.

5 CONCLUSION
In summary, this study provides the ﬁrst insight
into the bacterial community compositions in the
intestine of the S. canaliculatus. A core gut microbiota
dominated by Proteobacteria and Firmicutes was
observed in ﬁsh fed three diﬀerent diets with/without
the supplementation of U. pertusa and NSP enzymes.
Higher abundances of Ruminococcus, Clostridium
and Lachnospiraceae-related sequences of Firmicutes
were detected in ﬁsh fed U. pertusa, indicating that
these microorganisms likely participate in the
degradation of NSPs derived from U. pertusa.
Meanwhile, diverse potential NSP-degrading bacteria
and probiotics were observed in the intestine of the
S. canaliculatus. This study supports our previous
conclusion that U. pertusa is an economic alternative
to soybean meal and wheat starch as carbon sources.
Future research on the gut microbiota of S.
canaliculatus, including isolation and characterization
of NSP-degrading bacteria and probiotics, may help
the production of S. canaliculatus with lower costs
without compromising quality.
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